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ABSTRACT

The rumen is a large bioreactor that enables dairy
cattle to derive nutrition from otherwise indigestible
plant polymers and compounds. Despite the direct contribution of the rumen’s microbial community toward
the nutrition of the dairy cow, only a general knowledge
has been gained of the metabolic processes within the
rumen, and less still is known about most of the individual microbial species that colonize the organ. What
has been discovered is that the rumen contains a diverse
community of microbial species from all of the major
domains of life, and that the contents of the rumen can
vary greatly among individual animals. Preliminary
evidence also indicates that rumen microbial profiles
are heritable and sustainable within an individual, and
that rumen microbial community structure can revert
to its original profile within a short period following
substantial perturbation. Much progress has been made
in recent years to identify the diversity of microbial species in the rumen; however, the most popular methods
used to identify microbial species often lack the predictive power necessary to associate particular microbial
profiles with rumen metabolic activity. This represents
the most significant barrier to the design of models
that can estimate the direct effects of rumen microbial
content on downstream dairy production traits. If such
challenges can be overcome, it is possible that rumen
microbial content could be assessed as a new phenotypic trait in cattle. In the future, we may estimate
dairy production using a “genotype × environment ×
microbial” interaction model that accurately combines
all factors affecting milk production.
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IMPORTANCE OF THE MICROBIAL COMMUNITY
IN CATTLE RUMINATION AND PRODUCTION

The evolution of the gastrointestinal tract is a history that has been pockmarked by many innovations
and compromises; however, the defining element of
this history is the tacit acknowledgment of defeat:
colonizing microbes are here to stay. Some mammals—particularly carnivorous species—increase their
absorption of nutrients from food by using a shorter
gastrointestinal tract and decreasing food transit time
to reduce feed energy losses to microbes in their large
intestines. Other, primarily herbivorous, species form
a symbiosis with microbial colonizers, for which they
provide a suitable environment for microbial growth; in
return, the microbes provide their host with nutrients
from otherwise indigestible food sources. It is in this
context that the symbiosis between cattle and microbes
becomes apparent, as the rumen is a highly specialized
organ designed to contain and promote a collection of
mutualistic microbial species while simultaneously harvesting nutrients derived from their digestion of plant
fiber and cellular material.
The rumen interior is lined by a stratified squamous
epithelium (epimural layer) that changes texture and
color in response to mechanical and chemical stimuli
(Baldwin et al., 2004). A critical adaptation in the
evolution of the rumen was an expansion in its volume,
relative to the rest of the gastrointestinal tract. In mature Holstein cows, for example, the rumen volume generally ranges from 70 to 100 L, and the rumen and its
contents account for about one-seventh of the animal’s
total BW. This expansion established a solids retention time long enough to permit microbial degradation
of fibrous plant materials to acetate and other VFA.
However, this retention time is too short to permit the
establishment of slow-growing, thermodynamically constrained microbes capable of VFA degradation such as
proton-reducing acetogens (which convert C3–C6 VFA
to H2 and acetate) or aceticlastic methanogens (which
cleave acetate to methane and CO2). By preventing
catabolism of VFA by other members of the ruminal
community, up to 75% of the energy in the original
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Table 1. Major phyla frequently observed in the rumen
Phylum
Bacteroidetes
Firmicutes

Euryarchaeota
Protists

Genus
Prevotella
Butyrivibrio
Lachnospira
Succiniclasticum
Ruminococcus
Methanobrevibacter

Domain
Gram-negative bacteria
Gram-negative bacteria
Gram-positive bacteria
Gram-positive bacteria
Gram-positive bacteria
Gram-positive bacteria
Gram-positive bacteria
Archaea
Archaea
Eukarya

Relative
abundance (%)1
~30
~20
~30
~4
~6
~1
~12
~1
~1
~40

Major metabolic activity
Propionate or succinate production
Propionate or succinate production
Cellulose digestion and butyrate production
Butyrate production
Pectin fermentation and formate production
Succinate consumption, propionate production
Cellulose digestion
Methane-producing
Methane-producing
Lipid production, competition with host

1
Relative abundance percentages derived from Henderson et al. (2015) but are highly variable among studies, likely due in part to differences in
DNA isolation and analysis methods.

digestible organic matter in the feed is retained within
the VFA for absorption from the rumen and intestines,
although a large fraction of the VFA is consumed by
oxidation in the ruminal epithelial cells (Bergman,
1990). Each VFA is used for a different function, with
acetic acid used for ATP and lipid synthesis, propionic
acid for gluconeogenesis in the liver, and butyric acid
converted immediately into a ketone body by enzymes
in the rumen epimural layer for use as an energy source
for many tissues of the body. Apart from the conversion of butyric acid in the rumen epimural layer, the
majority of enzymatic activity aiding cattle digestion
is provided by a diverse group of commensal microbes
inhabiting the lumen of the rumen; henceforth called
the “rumen microbiome.”
The rumen microbiome consists of microbial groups
that represent all 3 of Woese’s domains of life: bacteria,
archaea, and eukarya (Kim et al., 2011). The bacteria
comprise thousands of different species and approximately 60% of the microbial mass, and are primarily
responsible for most of the feed biopolymer degradation and fermentations of the resulting monomers and
oligomers. This community is dominated by 2 phyla
(see Table 1): Firmicutes (particularly represented by
the genera Butyrivibrio, Lachnospira, Succiniclasticum,
and Ruminococcus) and Bacteroidetes (particularly
represented by the genus Prevotella), that together
comprise ~90% of the 16S rRNA gene abundance (a
proxy for community abundance) in bulk ruminal
contents (Henderson et al., 2015). The archaea, which
comprise only ~1% of the microbial mass, are primarily hydrogenotrophic methanogens, mostly of the genus
Methanobrevibacter, with additional contribution from
methylotrophic methanogens, particularly Methanothermoplasmata (Poulsen et al., 2013). The eukaryotes
are primarily represented by various genera of protists
(“protozoa”) that can comprise one-third or more of
the microbial mass, plus anaerobic chytrid fungi that

comprise only ~1% of microbial mass in ruminants
from temperate climates but are more prevalent in
tropical ruminants. It is important to note that rumen
microbial content differs between the 2 different phases
of rumen digesta material: the liquid phase and solid
phase contain different community compositions (Kong
et al., 2010). Of these 2 phases, the solid phase can
contain 80% or more of the bacterial community (Yang
et al., 2001) and is likely to contain the most important
microbes related to digestion of feed particles.
PHENOTYPING RUMEN MICROBIAL POPULATIONS

Rumen microbial diversity can be readily assessed
through ribotyping experiments to generate relative
estimates of species presence/absence and diversity
indices. By sequencing and aligning variable portions
of highly conserved genes, such as those encoding small
subunit (prokaryotic 16S or eukaryotic 18S) ribosomal
RNA, one can identify sequence variants that are
predictive of different microbial genera, species, and
strains. This information is used to identify operational
taxonomic units (OTU), which are, in turn, often used
(and occasionally misused) as a proxy for predicted
metabolic activity. Using these predictions and assessments of relative abundance of microbial species,
hypotheses on metabolic activity can be generated.
However, the identification of specific variants that account for individual, metabolically important strains
is highly subject to sampling bias and may influence
downstream functional interpretations (Nguyen et
al., 2016). This is best demonstrated by the fact that
comprehensive ribotyping experiments find difficulty in
assigning sequence reads to individual microbial species, with one such survey even failing to assign 70% of
reads to a defined genus (Henderson et al., 2015). Microbial metabolic capabilities can vary greatly among
strains (the lowest, base unit of taxonomic identity) of
Journal of Dairy Science Vol. 101 No. 8, 2018
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Table 2. Concepts related to microbial community composition in the rumen of dairy cows, gained using culture-independent methods
Concept

Reference

Species diversity is very large
A core microbiome is present in all cows
Communities may differ across breeds
Communities change in response to dietary change
Communities change in response to age and life stage of individual cows
Community composition changes during the feeding cycle
Communities associated with liquid, solid, and epimural phases differ
Communities are unique to individual cows and are highly resilient upon perturbation
Differences in production metrics (milk yield, milk composition, feed efficiency)
are associated with differences in community composition
Community composition results depend in part on methodologies (sampling method,
DNA isolation method, sequencing/fingerprinting method used)

Kim et al., 2011
Henderson et al., 2015
Bainbridge et al., 2016; Paz et al., 2016
Tajima et al., 2001, Weimer et al., 2010a
Rey et al., 2014; Dill-McFarland et al., 2017
Welkie et al., 2010
Kong et al., 2010
Weimer et al., 2010b
Jami et al., 2014; Jewell et al., 2015;
Shabat et al., 2016
Henderson et al., 2013

a species, making genus-level designations (2 taxonomic
levels above strain-level classification) less predictive
of metabolic activity. Additionally, 16S gene segment
sequences do not give a 1:1 ratio of reads per microbial
cell, as bacterial species may have as many as 15 copies
of the ribosomal DNA operon in their genomes (Acinas
et al., 2004). Regardless of the difficulties, ribotyping is
still the easiest and most cost-effective means of genotyping microbial populations, and many such surveys
have revealed insights into rumen microbial community
structure, function, and activity (see Table 2).
Costlier methods attempt to assess microbial metabolic potential directly by sequencing and assembling
DNA or RNA sequence reads, thereby circumventing
problems with OTU association hypotheses. Improvements to genome assembly algorithms enable the
generation of subsections of microbial genomic DNA
in large-enough fragments to enable gene prediction
and characterization. An even more specialized (and
complicated) method involves the sequencing of the
metatranscriptome by targeting the RNA fraction of
the rumen microbial community. This method directly
assesses gene expression, and can therefore provide
useful information on metabolic activity more directly.
However, because the bulk of microbial gene expression tends to be ribosomal in nature, approximately
90% of all transcripts typically consist of the 16S/18S
and 23S/32S ribosomal subunits (Oliver et al., 2009;
Bickhart and Benson, 2011; Chen and Duan, 2011).
This redundancy necessitates greater sequencing
depth of the transcriptome to capture protein-coding
gene transcripts, which in turn increases the costs of
such surveys. Additionally, RNA is easily degraded
by ubiquitous, ambient RNases in microbially active
environments, potentially contributing to a bias in the
detection of transcripts or transcript fragments. Such
challenges make the use of this method prohibitive for
large-scale microbial population phenotyping.
Statistical methods are frequently used after microbial OTU classification or gene discovery to reduce
Journal of Dairy Science Vol. 101 No. 8, 2018

microbial abundance estimates into comparable and
easily understood values. Several indices are used by
microbial ecologists to reduce microbial species abundance matrices, including Shannon, Chao, Ace, and
Unifrac (Lozupone et al., 2011; Morris et al., 2014).
These indices are used to estimate parameters such as
“α diversity” (the diversity of microbial populations in
a single sample) and “β diversity” (the diversity of microbial populations between samples), with some modifications that account for species or strain abundance
(e.g., weighted Unifrac) to better predict community
structure changes (Lozupone et al., 2011). The ability
to condense microbial species OTU assignments into
singular values should provide some optimism for using
microbial community profiles as a useful phenotype in
downstream association studies; however, care should
be taken in interpreting how variance in a microbial
abundance index correlates with a trait. For example,
correlation of raw α diversity values with milk production may be difficult to reproduce and may hide
the influence of highly abundant species of microbes
related to improved production. Moreover, we must
resist the temptation to confuse diversity with functionality; in this regard, Shabat et al. (2016) recently
showed that higher feed efficiency in dairy cows was
associated with lower species diversity, suggesting that
optimizing functionality may result from “fine tuning”
the community to reduce the abundance of species that
do not contribute to overall community function. Nevertheless, when properly done, strategies that generate
a reliable, predictive statistic for assessing microbial
influence on dairy cattle production will be necessary
for downstream association of microbial content with
host genotype.
CATTLE RUMEN MICROBIAL PROFILES
MAY BE HERITABLE

One intriguing facet of rumen biology that has been
discovered is that rumen contents revert to previously
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established metabolic profiles quite rapidly after being
replaced. When rumen contents were transferred from
one cow to another, after emptying ~95% of the rumen
contents of the recipient cow, the recipient’s rumen pH
and VFA production returned to its pre-transfer profile within 24 h (Weimer et al., 2010a). This reversion
could be explained by 2 or more hypotheses, including
the presence of “seed” microbes ready to reestablish
themselves after rumen emptying or by intensive host
genetic or physiological selection. Reservoirs of microbial seed inoculants for the rumen have not yet been
discovered but may explain this rapid reversion; for
example, in the contents exchange studies cited above,
a small portion of the rumen content was intentionally
left as a seed to test for the ability of the native community to recover following the massive challenge by
the donor inoculum. However, it is also possible that
seed microbes have colonized the rumen epimural layer
and rapidly proliferate after rumen emptying/dosing
experiments, although little information exists on the
strains of microbes that colonize this region. Because
the rumen epimural layer represents a direct interface
between the host and microbial colonizers, host immunity may play a role in the selection of microbes that
colonize on the surface. Alternatively, cattle salivary
buffering and rumen pH regulation, as well as rates of
passage (fluid and solids dilution rates), may be the
major driving force of this reversion, accounting for a
host physiological selection for microbial proliferation.
Either of these possibilities, if true, would suggest that
host genetics plays a role in microbial content establishment and maintenance.
Investigation of the possibility that rumen microbial
profile may be governed by host genetics has been difficult; however, early results have discovered additive
genetic effects for the maintenance of general microbial
content. For instance, it appears that rumen microbial
communities may vary between breeds of cattle and
in cross-bred animals (Bainbridge et al., 2016; Paz et
al., 2016). Another recent discovery has been that the
ratio of archaea to bacteria in the rumen is likely to be
heritable (Roehe et al., 2016). This is important in the
context of methane emissions from animals fed medium- and high-concentrate diets, as the ratio of archaea:
bacteria was found to be correlated (r = 0.49; P <
0.001) with methane emissions in live animals (Wallace
et al., 2014). Enteric methane emissions have become
a flashpoint for the perceived negative environmental
impacts of ruminant agriculture (Pitesky et al., 2009).
The microbiology of ruminal methanogenesis and prospects for its mitigation have been the subject of several
excellent reviews (Knapp et al., 2014; Patra et al.,
2017). Because methane production represents a major
sink for reducing equivalents produced during ruminal
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fermentations, decreasing methanogenesis could provide an opportunity to retain feed energy in the form of
reduced, metabolizable fermentation products such as
propionate. Of interest to the field of statistical genetics is the fact that phenotyping archaea:bacteria ratios
could be done on a larger scale by sampling animal
rumen contents at slaughter (Wallace et al., 2014) or
via infrared spectroscopy of milk to determine methane
emissions as a proxy (Vanlierde et al., 2015). In a field
plagued by difficulties in efficiently phenotyping microbial population structure across entire populations, an
easily assessed proxy biomarker would provide a very
important advancement. Still, there is a high degree of
diurnal and seasonal variation in rumen microbial contents (Welkie et al., 2010; Noel et al., 2017), potentially
making such one-time profiling of questionable value
for long-term assessment of rumen metabolic potential.
If a robust causality can be demonstrated between specific methanogenic taxa and elevated levels of methane
production across time scales, metagenomic investigations of these taxa may lead to specific strategies to
control these taxa at the expense of other methanogens
having more benign production characteristics.
LINKING THE HERITABILITY OF PRODUCTION
TO MICROBIAL SELECTION AND MAINTENANCE

A central challenge in rumen microbiology is to develop robust and meaningful linkages of microbiome
composition and the functional role of individual species or assemblages of species to production variables
such as milk yield, milk composition, and feed efficiency. Several studies have identified particular OTUs
that display statistically significant positive or negative
correlations with these production parameters (Jami et
al., 2014; Jewell et al., 2015; Shabat et al., 2016), but
to date, almost no systematic attempts have been made
to verify the association of any individual OTU across
studies. Even within studies, the difficulty in tracing
individual OTUs to their deepest phylogenetic level has
confounded attempts to interpret the potential role of
these OTUs in observed milk production metrics. For
example, Jewell et al. (2015) identified 5 OTUs within
the genus Prevotella whose abundance was elevated (P
< 0.1) in low-RFI (low residual feed intake; i.e., more
efficient) cows than in high-RFI (less efficient) cows,
along with 7 Prevotella OTUs that were less abundant
in the low-RFI cows (Jewell et al., 2015). However,
none of these OTUs could be identified to the species
level, and even if they could have been, it would be difficult to posit how each OTU within this genus might
specifically affect feed efficiency, due to the famously
wide metabolic diversity of the genus and the poorly
characterized physiology of individual species within
Journal of Dairy Science Vol. 101 No. 8, 2018
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the genus. Comparisons of 16S profiles in lactating
cows suggest that milk fat production is correlated with
the Firmicutes:Bacteroidetes ratio, explaining ~50% of
the variance in milk fat production between individuals
(Jami et al., 2014). Although it does not explain many
of the mechanisms behind the observed fluctuation in
milk fat production, this ratio is particularly useful
because it is an easily calculated and predictive value
that is not subject to difficulties in OTU resolution
mentioned above.
Adding further difficulty, it is challenging to isolate
additive microbial effects from host genetic effects on
milk production traits due to the incomplete biological
characterization of the symbiosis between cattle and
rumen microbes. Estimates of the heritability of milk
production and components from genetic correlations
show an h2 value of 0.20 for milk weight, fat percent,
and protein percent for Holstein, Jersey, and Brown
Swiss cattle (AIP Net Merit 2017; https://www.aipl
.arsusda.gov/reference/nmcalc-2017.htm). Given that
we know the direct contribution of the rumen microbial
metabolism to milk fat and protein through VFA and
microbial cell protein production, respectively, the question remains whether the heritable portion of milk component production is due to better animal absorption or
processing of these metabolites or due to host selection
for specific microbial occupants at key time points in rumen development. A large proportion of the phenotypic
variance of milk fat percentage has been attributed to
bovine alleles of the diacylglycerol o-acyltransferase 1
(DGAT1) gene (Grisart et al., 2004; Schennink et al.,
2007), suggesting that there is a substantial influence on
production from the host metabolic side. In the case of
DGAT1, the 232K allele has a Vmax (the maximum rate
of reaction for an enzyme), which changes the proportion of different phospholipids in the mammary epithelial cells (Schennink et al., 2007). Indeed, the amount of
variance predicted by this allele of DGAT1 is so strong
as to represent a significant marker in genome-wide
surveys related to microbial 16S profile prediction [O.
Gonzalez-Recio (Instituto Nacional de Investigación y
Tecnología Agraria y Alimentaria, Madrid, Spain), I.
Zubiria (NEIKER-Tecnalia, Vitoria-Gasteiz, Spain), A.
Garcia-Rodriguez (NEIKER-Tecnalia, Vitoria-Gasteiz,
Spain), A. Hurtado (NEIKER-Tecnalia, Derio, Spain),
and R. Atxaerandio (NEIKER-Tecnalia, VitoriaGasteiz, Spain, unpublished data)]. Additional factors
that may influence milk fat production may include
enzymes related to VFA absorption or capture in the
rumen epithelial layer, microbial population selection by the host immune system, and perturbations
to metabolic pathways within the liver or mammary
cell populations. Given the large range of interacting
systems and components and the undoubted influence
Journal of Dairy Science Vol. 101 No. 8, 2018

of management and nutrition on production, it may be
difficult to identify all of the influential host genetic
factors from such well-used methods as genome-wide
association studies, where smaller effects on production
are often indistinguishable from background noise. A
preferable strategy may be to develop a cost-effective
and standardized method for phenotyping microbial
populations in the rumen and use it in a downstream
model to predict milk production. In the future, we may
be focusing on genetic × environmental × microbial
interactions to explain the variance of milk production
in dairy cattle. Such statistical associations—which are
very useful from a practical standpoint—could then
serve as a springboard for more basic studies that identify the mechanisms through which these interactions
operate.
Incidental observations provide hope that more traditional experiments may inform the effects of microbial
profile on dairy production. Milk fat depression (MFD)
is characterized by a distinctive shift in rumen microbial composition, with Megasphaera eldensii strains
increasing in proportion relative to those in non-MFD
cows (Weimer et al., 2010b). Interestingly, it is often
multiparous cows that break records for per-lactation
milk production by a single animal. This is due, in part,
to the fact that primiparous cows devote substantial
resources to reaching mature BW (Poncheki et al.,
2015). However, rumen microbial communities continue
to change with maturity (Jewell et al., 2015), and these
changes may also play a role in production gains. If
such is the case, incidental microbial colonization later
in an animal’s life could contribute to later gains in production. To better characterize this association, studies
may need to focus on time-course microbial sampling
within individual animals, as was shown recently (DillMcFarland et al., 2017). If such comparisons can be
drawn out over several lactations for a substantial
number of animals, the estimation of direct effects of
microbial community composition on milk production
becomes a distinct possibility. However, the phenotyping of microbial populations in the rumen for statistical
modeling is still an unrefined process and is subject to
the limitations described above. In order for these studies to succeed, many more surveys of rumen microbial
contents using more refined methods are needed.
POSSIBILITIES OF PERTURBING THE MICROBIAL
COMMUNITY TO IMPROVE PRODUCTION

Surveys of rumen gene expression currently point toward a model where the host selects for an initial set of
inoculant bacteria or archaea until a core community is
established, which is then self-sufficient enough to “police” itself. Expression of toll-like receptors (TLR) and
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cytokines is higher in calves and decreases as animals
age (Malmuthuge et al., 2012). Toll-like receptors are
cell surface membrane receptors that recognize microbially derived structural molecules and elicit innate immune responses (Akira and Takeda, 2004). Conversely,
β-defensin expression increases with age (Malmuthuge
et al., 2012), which suggests that the targeted immune
response provided by TLRs and cytokines is eventually
replaced by a more passive defense mechanism. Calgranulin expression is also higher in the mature rumen
than in other organs, suggesting the suppression of proinflammatory responses as animals age (Xiang et al.,
2016). Unlike the large intestine mucosal surface, the
rumen expression and immunological profile is more
akin to the expression profile of skin epidermis than a
gastrointestinal tract membrane (Xiang et al., 2016).
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If cattle rumen gene expression experiments provide
any insight, the crucial inoculation period appears to
be in preweaned calves (Yáñez-Ruiz et al., 2015), right
before the transition to a “passive” immune response to
rumen contents (see Figure 1). However, this does not
rule out the possibility that different feed types may
permanently alter rumen microbial content if continuously fed over a long period. Indeed, a recent survey
of microbial succession profiles in the feces of dairy
cows taken from 2 wk old to first lactation revealed
that microbial sequence diversity was low in preweaned
calves, but increased quite rapidly after weaning and
coincided with cohabitation of calves (Dill-McFarland
et al., 2017). This may be due to a strong selection by
the host, as evidenced by the expression of TLRs and
inflammatory compounds in calves (Malmuthuge et al.,

Figure 1. Diagram of rumen epimural expression profile changes. The reticulorumen (dark gray/tan), omasum (mid gray), and abomasum
(light gray/brown) major developmental profiles are shown in a preweaning (top) and mature (bottom) state. Relative changes in gene expression are depicted by up/green arrows (increased relative expression) and down/red arrows (decreased relative expression) at each time point.
The transition from preweaning to weaned adult animals is indicated by a large down/black arrow, with stimulants for rumen development
indicated by small up/green arrows (VFA absorption and mechanical pressure from digesting forage). The changes in gene expression profile
from preweaning to maturity suggest a transition from active immune selection for microbes to passive tolerance of their presence. Color version
available online.
Journal of Dairy Science Vol. 101 No. 8, 2018
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2012), or it may indicate a relative “open” period in
which external intervention could shape the developing
rumen microbial community.
The resiliency of the rumen suggests that—apart
from major diet changes (Tajima et al., 2001)—probiotic therapies involving single non-native strains
designed to improve production are unlikely to elicit
permanent changes in the mature rumen. Indeed, even
dosing experiments involving common rumen microbes
(Varel et al., 1995; Weimer, 2015) or whole rumen
contents (Weimer et al., 2010a) derived from unrelated
cows have resulted in only temporary changes in microbial profile or production. Permanent changes are
more likely to result from inoculation of microbial species that fill unoccupied niches in the general rumen
metabolic landscape (Weimer, 2015), as was found in
conferring mimosine resistance to other ruminants upon
dosing rumen contents from goats naturally resistant to
mimosine due to an established population of the bacterium Synergistes jonesii (Hammond, 1995). A notable
(albeit non-ruminal) exception has been the use of probiotic therapies involving mixtures of different bacterial
strains to exclude pathogenic Salmonella enterica in
poultry (Nisbet et al., 1998; Nisbet, 2002). A mixture of
commensal microbes may provide sufficient metabolic
sustainability to enable permanent colonization where
a single inoculant is unable to sustain itself. Alternatively, there is the possibility of using genetic engineering to modify the metabolic potential of already colonized microbial strains in vivo. By incorporating novel
metabolic genes on an existing bacterial plasmid or
phage sequence (Simon et al., 1983), it may be possible
to introduce new gene content to rumen microbes that
have already adapted to the rumen environment. These
methods could bypass the aforementioned difficulties of
transient probiotic therapies by adapting existing host
genomes within the rumen; however, the maintenance
of this exogenous DNA within rumen microbial species
requires selective pressure. In an attempt to mitigate
fluoroacetate poisoning in Australian sheep grazing
certain toxic forages, Gregg et al. (1998) successfully
established a recombinant strain of Butyrivibrio engineered to contain a dehalogenase gene from a soil Moraxella species (Gregg et al., 1998). Protection, though
incomplete, was associated with retention of the strain
in the subject animals, probably due to the filling of an
open metabolic niche. In contrast, a strain of the gut
bacterium Bacteroides thetaiotaomicron, engineered to
contain an active xylanase from the rumen bacterium
Butyrivibrio fibrisolvens, demonstrated persistence
during in vitro rumen fermentations only upon use of
impractical selection pressure (inclusion of the ancillary
substrate chondroitin sulfate); on this basis, its ability
to persist in the rumen without artificial supplements
Journal of Dairy Science Vol. 101 No. 8, 2018

was considered unlikely (Cotta et al., 1997). Given the
paucity of information we have on rumen bacterial
plasmid and phage moieties, along with the well-known
difficulty of introducing heterologous genes into various model species of rumen bacteria, this approach will
require far better knowledge of the sequence of such
constructs.
OTHER CONSIDERATIONS
AND FUTURE DIRECTIONS

The major impediments to rumen microbial functional assessment involve microbial content classification and correlation with host animal production traits,
either through the generation of reliable microbial phenotypes or through cross-study comparisons. To date,
rumen microbial classification and OTU assignment are
typically done on a per-study basis, with only topical
comparisons to previous survey results. This presents
a substantial bias in interpretation of these results, as
the definition of a particular OTU may differ between
studies. This can be due to the use of different methods
of DNA isolation from rumen contents (Henderson et
al., 2013), the use of different OTU variant databases
between studies, or to the methods of 16S variable region alignment used to classify OTU-specific variation
(Nguyen et al., 2016). There is a real need for a comprehensive meta-analysis of all published 16S data sets
to provide true context to previous discoveries. Much
like in eukaryotic whole-genome sequencing surveys,
combining all discovered data sets into a larger survey
enables better detection of false-positive variants and
better detection of strain- or species-specific variant
sites. Without these detailed comparisons, each survey
will remain “an island” in terms of its ability to be
compared against its predecessors and successors. Additionally, methods used to sample microbial contents
of the rumen are either too invasive (e.g., cannulae) or
require dedicated labor (e.g., stomach tubing), making
them infeasible for routine phenotyping. Alternative
suggestions for efficiently sampling rumen contents at
slaughter (Roehe et al., 2016) may miss key fluctuations in microbial abundance due to feed, stress, and
pregnancy, but might provide a suitable baseline for
future comparisons. Alternatively, proxy biomarkers or
sampling sites may provide a means for frequently and
efficiently measuring rumen community composition,
as previously mentioned. Because ruminants frequently
regurgitate rumen solids for mastication (i.e., chewing
the cud), buccal swabs may represent a less laborious
method of assessing rumen microbial communities.
However, comparisons of buccal microbial community
16S profiles with the rumen liquid-phase community in
sheep only showed modest (r ~ 0.28) correlation (Kit-
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telmann et al., 2015). This comparison was likely hampered by the coincidental sampling of the resident oral
microbial community in addition to transient rumen
microbial species regurgitated from the rumen. Still,
it is possible that buccal microbial profiles could be
assessed for correlation or covariance with other cattle
phenotypic traits or genetic markers, regardless of their
predictive potential for individual rumen microbial species.
Whole-genome sequencing may be necessary to tease
out the presence and absence of microbial species at
a sufficiently high resolution for generating accurate
phenotypes. This will require the generation of a host
of genomics resources for the constitutive microbial
colonizers of the rumen parallel to those available to
cattle genetics researchers. Given the paucity of rumen
microbial reference genomes, the most useful first step
would be the assembly of accurate reference genomes
for these species. With these reference genomes, several
computational tools become available for rapid classification of whole-genome sequence reads, including
read alignment and rapid OTU assignment (Ondov et
al., 2016). Given the complexity and variability of the
rumen microbial community, a database of microbial
reference genomes will need to be constantly updated to
include the latest discoveries or pathogens. Recent work
done by the Hungate 1000 consortium (http://genome
.jgi.doe.gov/TheHunmicrobiome/TheHunmicrobiome
.info.html) presents a solid foundation for this effort;
however, the species represented in the collection
were all cultivable rumen microbial species. Improved
methods for sequencing rumen contents in situ and assembling high-quality reference genome assemblies for
rumen microbial species from mixed pools will need to
be developed to assess the genome sequence of uncultivable species that likely comprise 90% or more of the
rumen microbial community. Once a sufficient number
of microbial species have been sequenced and can be reliably genotyped, the potential exists for full metabolic
modeling of individual rumen states or high-resolution
association analyses. This may identify uninhabited
metabolic niches that could be occupied by probiotic
microbial species or it may highlight system inefficiencies for correction.
The rumen represents a major evolutionary adaptation by cattle to a diet of highly fibrous forage that is
otherwise difficult for nonruminant species to digest.
This organ serves as a direct interface between a core
group of symbiotic microbes and the host animal and
is a key facet of dairy animal nutrition. To better understand the genetic and environmental effects that
influence dairy cattle production, it will be necessary
to characterize the constituent microbes of a variety of
rumens (both healthy and unhealthy, and of high or
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low efficiency) and to identify the system inputs that
affect changes or differences between these states. In
the future, we can expect to see genetic selection for
animals that select optimal rumen microbial colonizing
microbes as part of their natural development. Insights
from such studies are likely necessary to permit development of complex probiotic therapies that optimize
nutrient production by rumen microbial community.
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